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Abstract 

 

Chitin has been recognized as being among the most abundant biopolymers in nature and is an 

important constituent of the cell walls of many eukaryotic organisms.  The enzymes which catalyse 

the hydrolysis of chitin are called chitinases. Bacteria are believed to be the main degraders of 

chitin in aquatic systems.  The present study aims at studying the seasonal variation of chitinase 

genes in Lake Erken and to relate the measured variation to environmental parameters such as 

bacterial production, chitin-degradation rate, incorporation rate of the chitin monomer N-

acetylglucosamine (GlcNAc), temperature, oxygen, pH and chlorophyll-a concentration.  Different 

set of primers were tested in order to amplify the chitinase genes from the chitinolytic bacterial 

community.  The primer pair, Ho-ChiA_F2/Ho-ChiA_R2 designed by Hobel et al. (2005) proved to 

be the most successful in amplifying chitinase genes from environmental samples as well as from 

cultured chitinolytic bacterial strains. Changes of chitinase gene assemblage over time could be 

verified by T-RFLP profiles. The chitin degradation rate turned out to be the main factor correlated 

to the T-RFLP patterns indicating that amplified genes represent the chitinolytic active community 

in Lake Erken. In contrast to our original hypothesis, there was a positive correlation between the 

number of dominant members in the chitin-degrading community and chitin-degradation rate... 

Chitinase sequences retrieved from two Lake Erken samples obtained at different times of the year 

were more similar to each other than to chitinase sequences found in public databases. Most related 

sequences were mainly chitinases from uncultured organisms. Overall, the results suggest that the 

chitinolytic microbial community in the studied lake is highly dynamic in time. Whether or not this 

is a general feature of lakes remains to be tested. 

 
Keywords: chitin, chitin degradation, chitinases, diversity, freshwater, seasonal dynamics 
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1. INTRODUCTION 

 

Chitin has been recognized as being among the most abundant biopolymers in nature (Gooday 

1990), ranked second after cellulose. Chitin is a crystalline polysaccharide which is a fundamental 

component of the cell walls of molds, mushrooms and certain phytoplankton groups. It is 

furthermore a key constituent of the cuticles and exoskeletons of worms, molluscs and arthropods 

(Keyhani & Roseman 1999).  Chitin is distributed throughout the three existing eukaryotic 

kingdoms:  Fungi, Plantae and Animalia and is particularly important as a constituent of arthropod 

cuticles.  Within the bacteria, it is present in the spore walls of Streptomyces.  Macroplanktonic 

arthropods such as Macrobrachium and Neomysis, chironomids, microplanktonic zooplankton 

including copepods, cladocerans, rotifers, protozoans and fungi are among the major producers of 

chitin (Miyamoto et al. 1991).  Chitin has even been detected in insect fossils from the Oligocene 

(24.7 million years ago) in the lacustrine shales of Enspel, Germany (Stankiewicz et al. 1997) and 

has been classified by these authors as being ‘the most enigmatic macromolecule of molecular 

fossils’.  Chitinases, enzymes that de-polymerize the chitin polymer, are found in species distributed 

over all domains of life: e.g. in plants where they act as defense against fungal or insect attack; in 

insects, chitinases take part in their morphogenesis (Merzendorfer and Zimoch, 2003). Fungi, 

archaea and bacteria produce chitinases for nutritional needs. Among these organisms, bacteria are 

regarded as the main degraders of chitin (Gooday, 1990).  

 

Tremendous amounts of chitin are produced in the aquatic systems: estimates of chitin production 

by copepods alone, greatly exceed 109 tons (Keyhani & Roseman 1999).  Li and Roseman (2004) 

estimated that more than 100 billion tons of chitin was being produced every year in marine 

systems, with copepods as the main contributors.  Large amounts of chitin become part of loosely 

aggregated organic particles (marine snow) which acts as a vector of carbon and associated 

elements from the water column to the sediments (Li & Roseman 2004).  However, marine 

sediments contain only traces of chitin as this polymer is essentially degraded during its slow 

progression through the water column.  Degradation of chitin by bacteria has been studied since 

Zobell and Rittenberg (1938).  Most chitinoclastic bacteria possess several chitinase genes encoding 

for enzymes with a variety of chitinase activities (Ramaiah et al., 2000).  It must be noted that if the 

pathway starts with the hydrolysis of the β- (1-4)-glycosidic bond, the process is termed 

“chitinolytic” and if the chitin degradation pathway is not known, the process is termed as 

“chitinoclastic” or “chitin-breaking process” (Gooday, 1990).  The conversion of chitin into forms 

that can be used by chitinoclastic bacteria plays a central role in the recycling of carbon, nitrogen 
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and energy the aquatic ecosystem.  Chitin is generally thought to be readily degraded; it was even 

suggested by Hillman et al (1989) that chitin degradation may be faster than that of cellulose.  

However, presence of chitin in fossils suggests that there are some recalcitrant forms of chitin that 

resists bacterial degradation (Kirchman & White 1999).  Most studies on chitinase activity have 

focused on marine or estuarine systems (e.g. Cottrell et al. 2000, Ramaiah et al. 2000).  Still, chitin 

is abundant in freshwater environments even if less studies have been completed in this biome. 

Seasonal studies in lakes are of interest due to high temporal dynamics in these environments 

caused by diatom or zooplankton blooms which can boost up the chitin availability to the 

microbiota. Seasonal changes bring about changes in physical and biotic factors of the lake, which 

in turn influence the plankton dynamics.  In dimictic lakes, such as the lake being studied in the 

present thesis, growth of planktons is greatly reduced during winter periods when both light and 

temperature is low.  The community of winter algae beneath the ice is usually dominated by small 

and often motile algae (Wetzel, 2001). In late summer, algal blooms occur in those types of lakes 

and oxygen depletion prevails in the lower layers such that zooplankton population is drastically 

reduced.  Dimictic lakes undergo stratification in summer and in winter. They circulate freely in 

spring and autumn.  Therefore, the plankton population is different from one season to another.  

This seasonal fluctuation in planktonic communities further influences the chitin availability to the 

chitin degrading organisms.  In the upcoming sections, further details on the chitin biomolecule and 

bacterial chitinase activity will be given. 

 

1.1 Chitin Structure  

 

Chitin is a highly insoluble biopolymer, which is composed of linear chains of β-(1,4)-linked N-

acetylglucosamine (GlcNAc) residues that are highly crosslinked by hydrogen bonds in  a way that 

is analogous to the structure of cellulose (Fig. 1; Keyhani & Roseman 1999).  The chitin monomer 

N-acetylglucosamine (GlcNAc) contains carbon and nitrogen in the ratio of 8:1 (LeCleir et al., 

2004). Therefore chitin degradation also plays a key role in the nitrogen cycle.  

 
Figure 1. Structure of chitin monomer, GlcNAc (courtesy of Gooday, 1990). 
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Merzendorfer and Zimoch (2003) provide a detailed description of the structure and biological 

pathway for chitin formation. The GlcNAc polymer form helices which assemble into microfibrils 

of approximately 3nm in diameter. These microfibrils are stabilized by hydrogen bonds which are 

formed between the amine and carbonyl groups.  X-ray diffraction enabled the division of chitin 

into the following three types: α-, β- and γ-chitin; these have different crystalline modifications.  

The three types of chitin primarily differ in the degree of hydration, in the size of the unit cell and in 

the number of chitin chains per unit cell (Kramer and Koga, 1986).  In the α form the single chains 

exhibit an anti-parallel orientation; in the β form the chains are arranged in parallel; in the γ type 

sets of two parallel strands alternate with single antiparallel strands.  Additionally, non-crystalline, 

transient states have been reported in a fungal system (Vermulen & Wessel, 1986). 

 

The α chitin form is mechanically more resistant and stable compared to the other two forms: the 

anti-parallel arrangement of GlcNAc polymer strands enables tight packaging into microfibrils, 

consisting of approximately 20 single GlcNAc polymer strands stabilized by a large number of 

hydrogen bonds.  In the β and γ chains, the packing tightness and number of inter-chain hydrogen 

bonds are reduced causing an increased number of hydrogen bonds. This results in higher flexibility 

and elasticity of β and γ chitin compared to the α form. 

 

1.2 Chitin Biosynthetic Pathway 

 

Chitin synthesis starts with trehalose, the main hemolymph sugar in most insects. Different types of 
enzymes, such as kinases and phosphorylase are involved in the biosynthetic pathway but the final 
step is catalyzed by chitin synthase which use UDP-N-acetylglucosamine to build the different 
crystalline forms of the chitin polymer. This enzyme is highly conserved and is found in all chitin-
synthesizing organisms (Merzendorfer and Zimoch, 2003).  The pathway from UDP-GlcNAc to 
chitin was determined by Jaworski et al. (Merzendorfer and Zimoch, 2003) using cell-free extracts 
from the southern armyworm Spodoptera eridania.  Figure 2 (Merzendorfer and Zimoch, 2003 
adapted from Kramer & Koga, 1986) illustrates the pathway of chitin synthesis in insects. 
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Figure 2.Chitin biosynthetic pathway in insects (Merzendorfer and Zimoch, 2003 adapted from Kramer & Koga, 1986). 
 
 

1.3 Mechanisms Involved in the Process of Chitin Degradation by Bacteria 
 
In nature, recycling of chitin mainly occur via the chitinase pathway (Xiao et al., 2005).  Since 
bacteria are believed to be the main mediators of chitin degradation in aquatic environments 
(Gooday, 1990), this section will focus on bacterial chitin degradation.  Keyhani and Roseman 
(1999) describe the four following steps needed for chitin degradation in bacteria: 1) sensing of 
chitin either after random collision or after chemotaxis; 2) attachment to the chitin molecule in 
order to stay close to the nutrient source; 3) expression of various enzymes and proteins for the 
degradation of the polymeric molecule; 4) uptake and catabolism of the hydrolysis products. Figure 
3 illustrates the four different steps in bacterial degradation of chitin. 
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Figure 3. Chitin degrading process by bacteria. This process involves sensing, attachment and degradation of the 
chitin polymer and incorporation of the monomer (Keyhani & Roseman, 1999). 
 
 
Sensing of chitin by chitinoclastic bacteria occurs by active mechanism such as chemotaxis and also 

by passive means such as random collision (Keyhani & Roseman, 1999). These same authors 

suggest that chemotactic bacteria have a better chance of finding the nutrient source and benefiting 

from it than non-chemotactic ones.  Chemotaxis increase interaction with marine snow by allowing 

bacteria to stay for longer time around nutrient source and increasing the rates at which they attach 

to the aggregate surfaces. Vibrio furnissi has been subject to several studies concerning chemotaxis 

system towards chitin oligomers (e.g. Bassler et al., 1989). This marine bacterium has shown 

chemotactic response to all oligosaccharides tested, (GlcNAc)n, where n= 2 – 6 and also to the 

monomer (GlcNAc)1.  However, (GlcNAc)1 was found to be the most potent chemoattractant 

among all the tested biomolecule (Keyhani & Roseman, 1999).  Bassler et al. (1989) suggested that 

the chemotaxis towards the oligosaccharides may be induced by the secretion of extracellular 

chitinases by bacterial cells. These chitinases catalyze the degradation of the oligomers to GlcNAc, 

the actual chemoattractant.  

 

1.4 Enzymology of Chitin Degradation 

 

The partial extracellular hydrolysis of the chitin polymer is needed so that the microbial cells can 

take up and assimilate this nutrient.  This process is mainly accomplished by chitinases.  The first 

chitinase was described almost one century ago (Bernard, 1911). Since then, various studies have 

been performed on hexosaminidases, chitinases and chitosanases; many of the structural genes 

encoding for those enzymes have been encoded and characterized. Bacterial chitinases are often 

associated with the outer membrane or are secreted as extracellular enzymes, which suggest that 

these enzymes must be adapted to function in the surrounding environmental conditions of the 

bacterial cell.  Since chitin-degrading enzymes can be used to convert chitin-containing raw 
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material into biotechnologically utilizable substances, they are very useful to the chemical and 

pharmaceutical industry (Merzendorfer and Zimoch, 2003).  A further application of chitinases is 

their use as insecticides or fungicides (Kramer & Muthukrishnan, 1997).   

 

Chitinases are classified into families 18 and 19 of the glycoside hydrolase classification system 

based on amino acid similarities within their catalytic domains (Henrissat, 1991). Most bacteria 

contain exclusively family 18 chitinases, while family 19 chitinases are mainly found in plants 

(Henrissat, 1991).  Family 18 chitinases are highly variable and are further subdivided into group A, 

B and C (Suzuki et al., 1999). The group A chitinases from family 18 are dominant in aquatic 

systems (preliminary results from analyses of metagenomic chitinase sequences obtained from the 

Global Ocean Sampling; Sara Beier) and have been used in several studies as a target gene to 

characterise populations of chitin degrading bacteria (e.g. Perrakis et al. 1994, Xiao et al. 2005,). 

The crystal structure of the chitinase A from Serratia marcesens revealed that the substrate binding 

site of this enzyme consists of a long groove composed of six subunits and each subunit is able to 

bind a single sugar residue (Keyhani & Roseman, 1999).   

 

1.5 Regulation of Chitin Degradation 

 

Regulatory genes for chitin degradation were first identified in the study made by Joshi et al. 

(1988), in which the genes that determine the expression of the enzymes involved in chitin 

degradation by Serratia liquefaciens were cloned. The two chitinase genes, chiA and chiB and a 

chitobiase gene, chiC were discovered. Joshi et al. further identified chiD and chiE. Transposon 

insertion and deletion showed that those two genes were involved in the regulation of expression of 

chitin-degrading enzymes. ChiD mutants had increased expression of chiA, chiB and chiC, which 

resulted in higher chitinase activity.  ChiE inactivation, on the other hand, led to decreased chitinase 

expression.  These results suggested that chiD may encode for a repressor, while chiE may be 

involved in the synthesis of an inducer of chitinase gene expression.  A pleiotropic regulatory gene, 

reg1 was also identified in Streptomyces lividans, which controlled both amylase and chitinase 

expression (Nguyen et al., 1997).  Up-regulation of chitinase expression depends on the availability 

of chitin substrate and of other substrates (Keyhani and Roseman 1999, Saito et al. 1998). 

Furthermore signalling molecules involved in cell-to-cell communication are supposed to interact 

with regulation processes (Chernin et al. 1998).   Miyamoto (1991) described two different ecotypes 

of chitin-degrading bacteria: the first type decomposes chitin in the presence of easily metabolizable 

organic materials.  Those bacteria take part in the first steps of chitin degradation on corpses of 

chitin producers, while various forms of organic materials are still abundant.  The second type of 
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bacteria does not require organic substances to be able to degrade chitin.  These bacteria take part in 

chitin degradation after the easily metabolizable compounds have been consumed by other 

heterotrophic microorganisms (Miyamoto et al., 1991). Thus the first type of bacteria can be termed 

as more specialized chitin degraders or specialists, while the other type of bacteria are likely to be 

generalists which can feed on a variety of resources.  Consequently, this can lead to the conclusion 

that in such unstable environments as dimictic lakes, generalist feeders would be more successful 

that the specialist as in cases of resource or more particularly chitin limitation, the generalists can 

still thrive on other type of resources. 

 

1.6 Variation in Chitin Degradation Rates 

 

Most studies on chitinolytic bacteria have dealt with marine or estuarine systems (e.g Kirchman & 

White, 1999; Ramaiah et al., 2000; Cottrell & Kirchman, 2000).  In freshwater systems, recycling 

of chitin may be quantitatively less important than that of cellulose, but may nevertheless be a 

significant source of carbon and nitrogen.   

 

The abundance of chitin-degrading bacteria was found to correlate quite well with the lakes’ 

productivity in a study about chitin-degrading bacteria in lakes of the English Lake District 

(Johnstone & Cross, 1976). These authors collected chitin degrading bacteria from lake sediments 

of lakes with different trophic status and counted the number of bacteria from each samples 

collected. Warnes and Rux (1982) suggested seasonal changes in the population assemblage of 

chitinoclastic bacteria. They found, in a cultivation based assay, that streptomyces and 

myxobacteria were the dominant chitinolytic bacteria in spring while summer samples were 

dominated by Serratia species and then in particular Serratia marcescens. Moreover chitin 

degradation rates were found to be much higher in summer than in spring or autumn (Warnes and 

Rux, 1982). In a further study in Lake Kasumigaura, chitin degradation rates were estimated by the 

input of chitin as biomass of planktonic arthropods and particulate chitin and output of chitin 

assessed by density of chitinoclastic bacteria assessed by making direct plate counts on selective 

medium. Peaks in total particulate chitin and population density of chitin-degrading bacteria were 

found to follow the peak in planktonic crustacean in August.  It was further estimated that about one 

third of the chitin production was consumed in the water column and the rest sunk to the bottom 

sediment (Yamamoto and Seki 1979), implying that two thirds of the production accumulates in the 

sediment and is degraded by the sediment microbiota. 
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Kirchman & White (2000) studied the spatial and temporal variation in chitin degradation and 

chitinase activity in Delaware estuary in the United States.  Their main result was that about 10% of 

bacterial growth was supported by chitin degradation. The ratio of 14C-chitin incorporation into 

biomass to bacterial production was low in July and October (0.03 and 0.05 respectively) and 

higher in September (0.55).  Along the estuarine transect, there was little variation in the hydrolysis 

rates for the chitin analog MUF-diGlcNAc, at least in October. It was also estimated that 40% of the 

degraded chitin was incorporated into bacterial biomass within approximately 24 hours, whereas  

30% was released as extracellular DOC and the rest was mineralized to CO2. The maximal chitinase 

activity corresponded to the chlorophyll maximum in July and September and this was probably due 

to the high abundance of chitin-containing diatoms.  

 

While chitin degradation has traditionally been studied by means of cultivation based experiments 

(e.g. Hood 1977, Aumen 1980, Warnes and Rux 1982), recent studies have also been based on 

molecular genotyping methods such as selective Polymerase Chain Reaction (PCR), cloning 

methods and Terminal Restriction Fragment Length Polymorphism (T-RFLP) (e.g. Cottrell & 

Kirchman, 2000; Hobel et al., 2005; Lian et al., 2007).  Family 18 group A chitinases have been the 

main targets for these culture-independent studies of the diversity and distribution of chinolytic 

bacteria (e.g Cottrell et al., 2000; Hobel et al., 2005; Lian et al., 2007). 



 16 

 

 

2.0 AIM OF THE PROJECT 
 
Due to the likely fluctuations of chitin availability in fresh water systems, caused by alternating 
algae and zooplankton blooms, and the highly regulated nature of cost-expensive chitinase 
expression in bacteria, studies on the temporal dynamics of chitin-degradation will help shed light 
on the mechanisms controlling this biogeochemically significant process. Based on previous 
observations in several lakes during spring and summer 2007, I will test the hypothesis that periods 
of enhanced chitin degrading activity in lake waters is the result of the presence of one or a few 
dominating populations of chitinase-positive and highly active bacteria. To enable high-frequency 
monitoring the study will be conducted in the well studied and frequently monitored Lake Erken.  
 
The specific objectives of the thesis project are the following: 
 
• Adopt and validate protocols for specific amplification of chitinase genes from environmental 
samples using different sets of published primer pairs (Ramaiah et al., 2000; Cottrell et al., 2000; 
LeCleir et al. , 2004; Xiao et al., 2005; Hobel et al., 2005). 

 
• Cultivate and isolate chitinoclastic bacterial strains from environmental samples for testing the 
coverage of validated primer pairs for chitinolytic freshwater bacteria. 

 
• Assess temporal changes in abundance, function and diversity of the chitin-degrading bacterial 
community in Lake Erken by targeting group A chitinases with PCR and subsequent genotyping. 

 
• Determine the importance of environmental parameters such as temperature, oxygen, pH, 
chlorophyll a, bacterial production, chitin degradation rates and GlcNAc uptake rates for 
explaining any seasonal changes in the community structure of chitinoclastic bacteria. 

 
• Clone and sequence target genes directly from environmental samples to genetically identify 
abundant chitinases and their host organisms. 
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3.0 MATERIALS & METHODS 

3.1. Sampling site and sampling procedure 

The present study was carried out in Lake Erken, which is a mesotrophic freshwater system in the 

southeast of Sweden (59o25´N, 18o15´E).  It has a mean depth of 9m and a maximum depth of 21m. 

It covers a surface area of 24km2 and has an average water retention time of approximately 7 years. 

Ice cover regularly forms for 16 to 18 weeks from late December/early January to late April/early 

May and after the spring circulation, the summer stratification starts to develop in late May 

(Petterson, 1990). However, the winter 2007/08 was exceptionally warm and ice cover formed only 

during a few weeks in February. The epilimnetic conductivity at 20oC is about 27mSm-1 and the pH 

varies between 7.9 and 8.7. Approximately one month before ice-break the secchi disc depth is 

about 10m and it decreases to 3m in spring during the peak in phytoplankton. 

 

 
 

Figure 4. Lake Erken (Arrow indicating the location where all the samplings were done) 

 

Samples were taken at the deepest point of the lake with the Ruttner sampler between one to three 

times per month from November 2007 to April 2008.  No samples were taken during the months of 

December and January.  One more sample taken in July 2007 was considered in the study. Water 

samples from different depths (from surface up to a depth of 19m) were pooled.  In total seven 

samples were studied. During each sampling, except for the one in July, chemical parameters such 

as oxygen concentration, oxygen saturation and temperature were measured. pH measurements 

were done in the laboratory. 

 

 

Sampling location 
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3.2 Rate measurements 

 

Data on bacterial production, chitin degradation rate and uptake rate of N-actetylglucosamine (the 

monomer of chitin) were provided by Sara Beier. These rate measurements were obtained 

immediately after sampling in the laboratory in Uppsala.  The bacterial biomass production was 

estimated based on the Leucine incorporation method (Smith & Azam, 1992), where bacterial 

protein synthesis and biomass production rates are estimated from incorporation of 14C-leucine in 

proteins.  Chitin degradation rates were estimated using the fluorogenic substrate homologs 4-

Methylumbelliferyl-N-diacetyl-β-D-chitobioside hydrate (MUF-GlcNAc, Sigma-Aldrich) and 4-

Methylumbelliferyl-N,N'-diacetyl-β-D-chitobioside hydrate (MUF-DC, Sigma-Aldrich) (Kemp et 

al., 1993). Chitinases cleave these substrate homologs and the concentration of produced free MUF 

can be measured by fluorescence. Uptake rate of the chitin monomer N-acetylglucosamine 

(GlcNAc) was measured by incubating 20ml of the sample with 100nM 14C labelled substrate . 

After approximately 1 hour, the sample was filtered on 0.2 µm pore size polycarbonate filters. The 

uptake of GlcNAc was estimated by scintillation counting. All rates were measured at in situ 

temperature. 

 

3.3 Cultivation of chitinoclastic bacteria and DNA extraction  

Water samples of both 50µl and 500µl were plated on separate mineral plates with colloidal chitin 

as the sole source of reduced carbon (WC-Chitin Agar; Table 1). The inoculated chitin plates were 

regularly inspected for growth of bacterial colonies and formation of clearing zones around the 

emerging colonies which is an indicator of chitinoclastic activity. Colonies of contrasting 

morphology and colour were repeatedly picked and transferred onto new WC-Chitin plates in order 

to obtain pure cultures.  In cases when pure cultures could not be obtained, separation of the strains 

was done by cultivation on rich medium plates containing Luria- Bertoni medium.  After staining 

bacteria with 4',6-diamidino-2-phenylindole (DAPI) (Porter & Feig, 1980), purity of the cultures 

was checked using epifluorescence microscopy with UV excitation looking for uniform cell 

morphology. Pure colonies were scraped off the chitin medium, pelleted in microcentrifuge tubes 

and stored at -20oC for later DNA extraction.  
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Table 1. Ingredients used for the preparation of the WC-chitin agar plates according to Guillard & Lorenzen (1972). 

Ingredient Concentration of nutrient solution 

(mg/0.5ml) 

  

CaCl2.2H20 18.4 

MgSO4.7 H20 18.5  

NaHCO3 6.3 

K2HPO4 .3H20 5.7 

NaNO3 42.5 

Micronutrient solution*  

Nutrient Agar 

Colloidal Chitin white  

 

MilliQ water  

*Micronutrient solution contains 4.36 mg/ml Na2EDTA, 3.15 mg/ml FeCl3  6H2O, 0.01 mg/ml CuSO4 . 5H2O, 0.022 
mg/ml ZnSO4 .7H2O, 0.01 mg/ml CoCl2 . 6H2O, 0.18 mg/ml MnCl2 . 4H2O, 0.006 mg/ml Na2MoO4 . 2H2O and 1 
mg/ml H3BO3 
 

The DNA extraction from cultures was performed using the 5Prime kit (ArchivePure DNA 

Cell/Tissue Kit) which follows a protocol for high DNA recovery from small amounts of sample 

material.  This protocol uses both enzyme digestion and physical lysis with glassbeads (for gram-

positive bacteria) to extract the DNA from the microbial cells. The extracted DNA was sized on a 

1% agarose gel and quantified by UV transillumination after ethidium bromide staining. PCR 

amplification of the DNA product was performed with the Ho-ChiA_F1/ChiA_R1 and Ho-

ChiA_F2/ Ho-ChiA_R2 primer pairs using an annealing temperature of 50oC. (Table 3). 

 

3.4 DNA extraction from lake water 

Directly after sampling, 800 ml of water from Lake Erken was filtered through 0.2µm pore size 

polycarbonate filters to capture bacterial cells. Filters were then stored in tightly closed screw cap 

tubes at -80oC until further DNA extraction.   

 

DNA extraction from the environmental samples was performed using the Ultra Clean Soil DNA 

Isolation Kit from MO BIO Laboratories, Inc. The manufacturer’s protocol for maximum DNA 

yield was used.  This protocol uses mechanical disruption with ceramic beads to break the bacterial 

cell wall in combination with enzymatic and chemical lysis steps to release the DNA. After 

purification of the bacterial DNA through precipitation and removal of proteins and lipids, the DNA 

was precipitated with ethanol and re-suspended in Tris-EDTA buffer (pH 8).  The extracted DNA 
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was sized on a 1% agarose gel (containing ethidium bromide) along a low DNA mass ladder 

(Invitrogen, Inc) in order to determine the DNA yield from the environmental samples. The gel was 

viewed under UV light by use of a CCD (Charged Coupled Device) camera and the image was 

analyzed using the Gel-Pro Analyzer Version 4.5 software with which the DNA mass of each 

sample was determined.  Subsequently the DNA concentration of all samples was adjusted to 1 

ng/µl, after quantification using the DNA mass ladder as reference. 

 

3.5 PCR amplication of extracted DNA 

 

Chitinase genes were amplified using the different primers designed by Hobel et al., 2005; Ramaiah 

et al., 2000; Cottrell et al., 2000; LeCleir et al., 2004; Xiao et al., 2005.  DNA from three chitinase-

positive commercially available isolates (Bacillus circulans ATCC 9140, Serratia marcescens 

ATCC 14756 and Vibrio harveyi ATCC 14126, supplied by the Culture Collection University of 

Göteborg) were used to validate primers and optimize the PCR conditions.  Strains which yielded 

positive results with a particular primer pair was used as positive controls for PCR amplification 

with this primer pair. Negative controls were tested by running only the master mix without adding 

any template. 

 

All PCR amplifications were performed on either the BIORAD Chromo4 system with gradient 

options or the Stratagene Robocycler 96-gradient cycler. 

 

3.5.1 PCR amplification with primers designed by Hobel  

 

The primers Ho-ChiA_F1/Ho-ChiA_R1 and Ho-ChiA_F2/Ho-ChiA_R2 (Hobel et al., 2005) were 

originally designed by comparing amino acid sequences of chitinase belonging to family 18 group 

A from Genbank and the Pfam database. The highly conserved active sites of chitinase genes were 

chosen for the primer design. These primers are specific for group A chitinase genes. The sequences 

of the two primer pairs are as follows: 

 

Ho-ChiA_F1 5´-ACG GCG TGG ACA TCG AYT GGG ART-3` 

Ho-ChiA_R1 5´-CCC AGG CGC CGT AGA RRT CRT AYS-3´ 

Ho-ChiA_F2 5´-CGT GGA CAT CGA CTG GGA RTW YCC-3´ 

Ho-ChiA_R2 5´-CCC AGG CGC CGT AGA RRT CRT ARS WCA-3´ 

 

The predicted size of the amplicons is approximately between 270 – 300 base pairs.  
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The environmental samples were amplified with both Ho-ChiA_F1/Ho-ChiA_R1 and Ho-ChiA_F2/ 

Ho-ChiA_R2 and a combination of the two primer pairs (Ho-ChiA_F1-F2/ Ho-ChiA_R1-R2). The 

PCR optimization was performed with the primer pair Ho-ChiA_F2/ Ho-ChiA_R2, since this turned 

out to amplify the samples most efficiently.  PCR optimization was done by first decreasing the 

amount of Taq polymerase from 0.4µl to 0.2µl. A gradient of annealing temperatures from 42 – 

62oC was tested in order to possibly reduce unspecific amplification products on the one hand and 

optimize yield of the right sized band on the other hand. Both primer pairs but not the combination 

of both were used for the amplification of the isolated bacterial strains, based on the optimization 

protocol of Ho-ChiA_F2/Ho-ChiA_R2. Table 2 shows the final protocol used for the commercially 

available chitinase-positive isolates.  

 
Table 2. PCR protocol for Ho-ChiA_F1/Ho-ChiA_R1 or Ho-ChiA_F2/Ho-ChiA_R2 with ChiA+ strains  

PCR reaction volume was set to 30µl 

PCR Mix for 30µl Final  

concentration 

MilliQ water  

10xbuffer 1 x buffer 

MgCl2 (50mM MgCl2) 2mM 

dNTPs 1mM(per Nucl.) 0.12 mM 

Primer (10µM) 0.4/0.4 µM 

Taq polymerase 0.007 U 

Template 1 ng/µl 

 
 
Initially for the PCR optimization of the environmental samples, the number of cycles was 

increased from 30 to 35 and the amount of primer was decreased from 1.2 to 0.6 µl. A touchdown 

PCR protocol was further tested with the Ho-ChiA_F2/Ho-ChiA_R2 by first running the PCR 

reaction at an annealing temperature of 55oC for 10 cycles and 25 subsequent cycles with an 

annealing temperature of 50oC.  

 

For the final protocol used for the PCR amplification of the environmental samples for T-RFLP 

analysis, the primer concentration was decreased from 0.4µM to 0.2µm and the annealing 

temperature was also lowered to 42oC.  The environmental samples were amplified with Hex-

labeled primers Ho-ChiA_F2/ Ho-ChiA_R2 prior to the restriction digest reaction. Both labeled Ho-

ChiA_F2 and Ho-ChiA_R2 were used for the PCR amplification.   

 

 

 

Temperature    (oC) Time (Mins)   Cycles 

Initialization       95 

Denaturation      94 

Annealing          50 

Extension           72 

Final Extension  72 

3:00 

0:45 

0:45 

1:30 

5:00 

 

 

   30  

              



 22 

For the T-RFLP analysis a two step PCR was needed to obtain sufficient product. The first PCR 

was performed with non-labeled primers applying 2µl of template, an annealing temperature of 

42oC and 30 cycles.  A lower annealing temperature as mentioned in table 2 was used in order to 

allow possibly high coverage of chitinases present in the environmental samples. However a higher 

amount of unspecific bands could be observed and also the risk for unspecific amplifications in the 

expected size range was increased.  The PCR products were loaded on a gel with a 100bp DNA 

ladder.  The desired bands (300bp) were subsequently sliced under UV light from the agarose gel 

and stored at -20oC in microcentrifuge tubes containing 50µl of MilliQ water. The tubes were kept 

overnight at 4oC.  1µl of the overlying water was used as template for the second PCR using the 

PCR condition as summarized in table 3 but one of the primers with a Hex-label attached. The PCR 

products were purified by filtration on the multiscreen filter plates for high throughput separation 

(MILLIPORE, Inc).  
 

3.5.2 PCR amplification with primers designed by Cottrell  

 

Cottrell (Cottrell et al. 2000) identified conserved amino acids encoded by the chitinase genes of 

Alteromonas sp., Aeromonas caviae, Serratia marcescens and Enterobacter agglomerans.  This 

conserved region is located in a putative catalytic and chitin-binding domain and an additional 

region with unknown function.  The primer pair is specific for group A chitinases of γ-

proteobacteria.  The sequences of the forward and reverse primer are: 

 

Co-chiA.for 5’-WSI GTI GGI GGI TGG CAN YT-3’ 

Co-chiA.rev 5’-ATR TCI CCR TTR TCI GCR TC-3’ 

 

The expected size of the amplicons is approximately 900 bp. The protocol used for amplification 

with the primers developed by Cottrell et al. is shown in Table 4.  The clone library was built using 

the protocol shown in Table A1.1 (Appendix 1). 

 

3.5.3 PCR amplification with primers designed by LeCleir  

 

LeCleir (LeCleir et al. 2004) modified the forward primer designed by Cottrell (Cottrell et al. 2000) 

in order to increase the amplification coverage of chitinase A group genes. This forward primer was 

used together with the original reverse primer, Co-chiArev designed .  According to LeCleir et al. 

(2004), this primer set was successful in amplifying the chitinase gene of Vibrio harveyi.  The 

sequences for the primer pair is as follows: 
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LC-chiAfor.ext 5’-GGI GGI TGG ACI YTI WSI GAY CCI TT-3’ 

Co-chiA.rev  5’-ATR TCI CCR TTR TCI GCR TC-3’ 

 

This primer pair is supposed to produce PCR fragments with an approximate size of 900bp.  Table 

A1.2 (Appendix 1) shows the protocol used for the PCR amplification. 

 

3.5.4 PCR amplification with primers designed by Xiao  

 

Xiao et al. (2000) designed two forward and one reverse primer from conserved amino acid 

domains from the following group A chitinases: chi69 of Janthinobacterium lividum, chiA of 

Stenotrophomonas maltophilia, chiB of Arthrobacter spp. and chi67 of Doohwaniella chitinasigens.  

acids: 

 

Xiao-chif1 5’-ATY TCG CTG GGY GGC TGG-3’ 

Xiao-chif2 5’-GAC GGC ATC GAC ATC GAT TGG-3’ 

Xiao-chir 5’-CSG TCC AGC CGC GSC CRT A-3’ 

 

In the present study only the forward primer Xiao-chif2 was used in combination with Xiao-chir as 

suggested in the original publication.  The PCR products were expected to be about 430 bp.  The 

following protocol was used for the construction of the clone library (Table A1.3, Appendix 1): 

 

 

 

3.5.5 PCR amplification with primers designed by Ramaiah  

 

Ramaiah et al. (2000) designed primers for the specific amplification of chitinase gene fragments 

by alignment and selection of highly conserved regions of various group A chitinases sequences 

from the following organisms: Serratia marcescens (chiA), Alteromonas sp. (chiA), Bacillus 

circulans (chiA) and Aeromonas caviae (chiA).  The sequences for the primers were as follows: 

 

Ra-Chifor  5’-GAT ATC GAC TGG GAG TTC CC-3’ 

Ra-Chirev  5’-CAT AGA AGT CGT AGG TCA TC-3’ 

 



 24 

The PCR amplification is supposed to result in amplicons of an approximate size of 225bp. Table 

A1.4 (Appendix 1) shows the final protocol used for this primer pair.  This protocol was used for 

the construction of the clone library. 

 

3.6 Terminal Restriction Fragment Length Polymorphism (T-RFLP) analysis 

 

In total six enzymes [MSP I, HinF, Hae III, Rsa, BSTU, Hha (New England Biolab)] were tested 

for the restriction digest of the environmental samples. Fluorescently tagged PCR products 

generated as described in section 3.5.1. and PCR conditions outlined in Table 3 were used for the 

analyses. Both primers were examined for internal restriction sites to rule out such factors that could 

compromise the analyses.  All six enzymes were used with the PCR product amplified with the 

labeled forward primer (Hobel et al., 2005) and four enzymes (MSP I, HinF, Hae III, Rsa) were 

used with the PCR product amplified with the labeled reverse primer (Hobel et al., 2005).  The 

other two restriction enzymes were not used for these amplicons, since restriction sites were 

identified within the labeled primer. The Master Mix reaction for the six enzymes is given in Table 

3. 

 
Table 3.  Master mix for restriction digest reaction 

 Enzyme (µl) Buffer(µl) MilliQ water(µl)  

MSP I 0.2 1 0.8 

HinF 0.4 1 0.6 

Hae III 0.4 1 0.6 

Rsa 0.4 1 0.6 

 

BSTU 0.4 1 0.6 

Hha 0.2 1 (+ 0.1µl BSA) 0.7 

 

 

Between 12-15 ng of the PCR products were added to each reaction and the volume was adjusted to 

10µl with MilliQ water.  All samples were incubated for 17 hours at 37°C.  The restriction digest 

reaction was stopped by heating the samples for 15 minutes at 85oC.  The digested DNA fragments 

were sized by capillary electrophoresis on a 96-capillary ABI 3700 sequencer. 

 

3.7 Setting-up of clone libraries 

 

Clone libraries were generated from PCR products amplified with primers designed by Hobel et al. 

(2000), Cottrell et al. (2000), Xiao et al. (2005) and Ramaiah et al. (2000). PCR products amplified 

according to the respective conditions are described in section 3.5 , were run on a 1% agarose gel 

Prepared for Hex-
labelled forward 
and reverse 
primers (two 
reactions per 
sample) 

prepared only for 
the Hex-labbelled 
forward primer 
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and the bands corresponding to the predicted lengths of the targeted fragment were cut under UV 

light.  The QiAquick Gel Extraction Kit was used to extract and purify the DNA from the cut 

agarose gel following the manufacturer’s recommendations. The purified DNA was eluted with 

50µl of buffer and concentrated to a volume of 18µl by filtration on the multiscreen filter plates 

(Millipore). The amount of DNA was quantified by electrophoresis, ethidium bromide staining and 

UV-transillumination using the low DNA mass ladder (Invitrogen) loaded together with the samples 

on an agarose gel.  The TOPO TA cloning kit (Invitrogen) was used to construct the clone libraries 

and the applied DNA was adjusted to a PCR product:vector ratio of 3:1 using the following 

formula: 
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The cloning procedure consisted of ligating the PCR product into the pCR®a-TOPO® vector and 

transforming the ligation product into TOP10 E.coli cells. The suspension with the transformed 

cells was spread on Luria- Bertoni (LB) plates containing 50µg/ml kanamycin and 40 µl of 2% X-

gal; the plates were incubated overnight. The next day, 96 positive white-colored colonies from 

each sample were randomly picked. The colonies were grown overnight in LB broth containing 

50µg/ml kanamycin. The extracted DNA was amplified with the M13f/M13r primers, which targets 

sites within the plasmid vector including the insert. PCR conditions are indicated in Table A1.5 

(Appendix 1)  
 

All the clones yielded positive amplifications. However, only the amplicons with approximately the 

expected size were selected and sent for sequencing to the Rudbeck laboratory. The chosen M13f/r 

products from the clone libraries constructed from the amplicons with the Hobel-primers were 

additionally re-amplified with the primer pair Ho-ChiA_F2 and Ho-ChiA_R2 (Hex-labeled) so that 

the T-RFLP results would match with the sequencing results.  DNA products were digested using 

the MSP I enzyme following the protocol described in section 3.6, (Table 3) but applying a final 

concentration of only 5 – 7.5ng DNA, which is approximately half as that used in Table 8.  This 

concentration was used in order to optimize the T-RFLP results. .  

 

In total five clone libraries were set up using different primer pairs as summarized in Table 4 below.  

Only 5 clones from the Ramaiah clone library were sequenced because as compared to the rest of 

the primer pairs, few of the amplification products obtained from the Ra-Chifor/Ra-Chirev primers 

gave the right-size product. 
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Table 4 Summary of the primer pair used and samples cloned. 

Primer pair Sample Number of sequenced clones 

Ho-ChiA_F2 / Ho-ChiA_R2 October  37 

Ho-ChiA_F2 / Ho-ChiA_R2 March 45 

Xiao-chif2/ Xiao-chir October  48 

Co-chiA.for/ Co-chiA.rev October 32 

Ra-Chifor/ Ra-Chirev October 5 

 

 

3.8 Data Analysis 

3.8.1 T-RFLP Analysis  

 

The T-RFLP data were analyzed using the GeneMarker Software (SoftGenetics LLC). A cut-off of 

1% was used as a criterion for the inclusion or exclusion of peaks.  All statistical analysis with the 

T-RFLP data was performed with the XLSTAT software (Addinsoft, Inc), CANOCO 4.5 software 

for windows and Microsoft Excel Data Analysis tool. Prior to the statistical analyses, relative signal 

intensities within one sample were calculated by dividing signal intensities of each individual 

terminal restriction fragments by the sum of all signal intensities in a sample (Blackwood et al., 

2003).  Caffaro-Filho et al. (2007) compared the use of peak heights and peak area for T-RFLP 

analysis and came to the conclusion that peak height or intensity is a better parameter to use for 

quantitative T-RFLP data analysis.  The peak height variance obtained for a particular fragment was 

less than that obtained with the peak area for the same fragment.  Normalization of the peak 

intensity data allowed comparison of signal intensities among different samples. In order to assess 

the dissimilarity among the 7 samples, Agglomerative Hierarchical Clustering (AHC) was used.  

This method of dissimilarity analysis allows the clustering of observations by the Ward cluster 

analysis based on Euclidean distances.  Ward’s method of hierarchical cluster analysis allows a 

more efficient identification of major groups within T-RFLP datasets (Blackwood, 2003) by 

aggregating groups so that within-group inertia increases as little as possible to keep the clusters 

homogeneous. Richness of the operational taxonomic units (OTUs) was measured as the average 

number of peaks obtained from the four digestion enzymes in each sample. The Shannon diversity 

index includes additionally quantitative features of community patterns. While assuming that the 

obtained TRFLP patterns correlate with actual patterns of present chitinase phylotypes in the 

sample, the Shannon diversity index was applied to estimate fluctuation of chitinase diversity from 

obtained T-RFLP patterns. The Shannon diversity index [17] was calculated using the formula: 
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where, H1=Shannon diversity index, pi= proportion of each OUT, S= total number of OTU´s 

 

Shannon diversity indices for each restriction enzyme were calculated and averaged.  Correlation of 

the Shannon diversity indices with the rate parameters, i.e. MUF-DC, MUF-GlcNAc, bacterial 

production and GlcNAc incorporation were tested by regression analysis to assess if and hoe the 

diversity affected the measured rates.  The regression analysis was performed with STATISCA 

(Statsoft, Inc).   Single factor ANOVA analysis (Microsoft Excel, 2003) was used to test any 

difference between MUF-DC and MUF-GlcNAc rates.   Canonical Correspondence Analysis 

(CANOCO 4.5) was used to correlate the diversity of the T-RF with chemical parameters or the 

measured rates such as oxygen. pH, temperature, chlorophyll a (data obtained from the Erken 

Research Group), bacterial production, chitin degradation rates and incorporation rates of the chitin 

monomer.  CCA (Canonical Correspondence Analysis) produces outputs which illustrate the most 

important gradients explaining variations in the community structure of chitin degraders.  All 

graphs, except for the regression graphs, were drawn using Microsoft Excel (2003). 
 
3.8.2 Phylogenetic Analysis 

 

Raw sequence data were analyzed with the Sequence Scanner V1 software (Applied Biosystems, 

Inc).  A BLASTn analysis was performed with the sequences against the Genbank database [2]. 

Only sequences that produced a significant alignment with chitinases were translated into proteins 

(ARB program package, Technische Universität München) and included into further phylogenetic 

analysis. Their identity as group A chitinases was checked by running a local BLAST search of the 

protein translations against a chitinase dataset containing chitinases from cultured and fully 

sequenced bacteria belonging to the phylogenetic groups A, B and C (Karlsson & Stenlid, 2008).  

Sequences provided by Magnus Karlsson were further blasted in CAMERA [8] against the Global 

Ocean Sampling (GOS) database. The Global Ocean Sampling project, initiated by Craig Venter in 

2003, aims to evaluate the microbial diversity of the world’s oceans [19]. Hits that corresponded to 

chitinases were translated with the ARB program package into protein sequences.  Chitinase-like 

sequences retrieved in this study together with group A chitinase sequences from above mentioned 

dataset (provided from Magnus Karlsson, Sveriges lantbruksuniversitet, SLU), chitinases-like 

sequences of uncultured organisms amplified with chitinase specific primers extracted from 

Genbank and chitinase hits obtained from the GOS dataset were used to build an ARB chitinase 

database. Different alignment algorithms provided by the MAFFT version 6 program were tested 
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and evaluated.  For the final alignment only the sequence part containing the catalytic domain, 

which encompasses all primer amplified sequences was used and the E-INS-i algorithm was chosen. 

A manual refinement of the alignment was performed. 1000 Bootstrap trees were calculated using 

Minimum Evolution method (MEGA 4). A subset of sequences was submitted to the OSLO 

Bioportal [43] to perform tree calculation by Bayesian phylogeny in order to confirm results of the 

Minimum Evolution trees with higher support.  
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4.0 RESULTS 

 

4.1 Chemical parameters and rate measurements 

 

The temporal fluctuations for each of the measured parameters are illustrated in Figures 5- 10.  No 

data are available for the month of July.  Bacterial production and chitin degradation rate were 

highest during the month of October.  The monomer (GlcNAc) incorporation rate had its peak at the 

beginning of the month of April, with the second peak occurring in October. The peak in pH and 

temperature occurred in February and October respectively, while the peak in oxygen saturation 

corresponded to the peak for chlorophyll a production in the month of March.  Note that data for 

MUF-GlcNAc degradation rate is not available for the month of October.  

 

According to the graphs (Figures 5-9), there is no visible trend in the rate measurements throughout 

the different months. High standard deviations can be noted in the bacterial production and MUF-

DC degradation rate for the replicates in the month of October.  High standard deviations were also 

obtained for the MUF-GlcNAc degradation rate for the March and April1 samples.  As for the 

chlorophyll-a measurements, highest values were reported in the months of October and March 

(Figure 9). 

 
Figure 5. Graph illustrating the fluctuation of bacterial production.  
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Figure 6.  Graph illustrating the fluctuation of MUF-DC (nmol/L/h) and MUF-GlcNAc (nmol/L/h). The MUF-GlcNAc 

value for the month of October is missing. 

 

 
Figure 7.  Graph illustrating the fluctuation of for GlcNAc uptake (nmol/L/h) 
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Figure 8.  Graph illustrating the fluctuation of pH and temperature 

 
Figure 9.  Graph illustrating data for Chlorophyll a and oxygen saturation  
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4.2 Cultured strains from Lake Erken 

 

In total 14 cultured pure isolates were obtained from the samplings in Lake Erken.  A summary of 

the isolates is given in Table 5. In the original isolate ER-WC-07, two different bacterial 

morphotypes  a and b were distinguishable by microscopy. These strains could only be separated 

after several sub-culturing steps on the LB medium. The strain ER-WC-07b could not be grown on 

WC-chitin agar in the absence of ER-WC07a.  Except for ER-WC-O6, ER-WC-O7a, ER-WC-12 

and ER-WC-16 no clearing zones were observed after growth on chitin plates, morphological 

properties of colonies and single bacteria are summarized in Table 5.   
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Table 5. Summary of the cultured isolates from Lake Erken. 

 
 

Label Sampling  

Growth on 

WC-medium 

Clearing 

zone Colony morphology Cell morphology 

ER-WC-06 08/04/21 + + 

large white smooth slimy  

(the first colonies to appear on the plate) rod-shape 

*ER-WC-07a 08/04/21 ++ ++ white rough with dark spot in the centre filamentous rods 

*ER-WC-07b 08/04/21 - - 

swarming, yellowish white smooth colony 

 (surrounded ER-WC-07 on LB medium) cocci 

ER-WC-08 08/04/21 + - small pink, slowly growing rod-shape 

ER-WC-09 08/05/21 + - small yellow, slowly growing rod-shape 

ER-WC-11 08/04/28 + - large white colony with irregular edge rod-shape 

ER-WC-12 08/05/09 + + small pink, slowly growing rod-shape 

ER-WC-14 08/05/28 + - small yellowish white colony rod-shape 

ER-WC-15 08/05/21 ++ - tiny white round rod-shape 

ER-WC-16 08/05/28 + ++ large sticky purple colony, fast growth rod-shape 

ER-WC-17 08/05/28 + - white with large black spot in the centre filamentous rods 

ER-WC-18 08/05/09 ++ - small pink, slowly growing rod-shape 

ER-WC-21 08/05/21 + - large pink slimy colony rod-shape 

      
    

*separated on LB medium 

+: low ;  ++: high;   +++: very high 



4.3 PCR amplification results 

 

4.3.1 PCR amplification of the ChiA-positive strains and cultured isolates 

All the commercially available ChiA-positive strains, except for Bacillus circulans and eight of the 

cultured isolates amplified with the Ho-ChiA_F2/Ho-ChiA_R2  (Figure 10) covering 63% of the 

tested strains.  Many unspecific bands were obtained with the Ho-ChiA_F1/Ho-ChiA_R1 primer 

pair and the right sized product (~300bp) was obtained only with Vibrio harveyi and ER-WC-O7b 

resulting in coverage of 19%. Amplified DNA fragments from other strains did not have the 

expected size and can therefore be considered as non-specific amplifications (Figure 10). This 

second primer set did not produce any chitinase amplicons from strains that did not amplify with 

the primer pair Ho-ChiA_F2/Ho-ChiA_R2.  

 

The remaining primers were only tested with the three commercially available strains. Beside 

unspecific amplifications, the targeted product was obtained with Bacillus circulans, Serratia 

marcescens applying the primer pair designed by Xiao et al. (2000). Only the chitinase genes of 

Serratia marcescens amplified with the Co-chiA.for/Co-chiA.ext.  The LC-chiAfor.ext/Co-chiA.rev 

did not result in any positive amplification and the Ramaiah primer pair amplified chitinase genes 

of Bacillus circulans  (Table 8). 

 

 

 

 
Figure 10.  Gel electrophoresis showing PCR amplification products from the cultured strains amplified  with 
the primers designed by Hobel.  Lane 2 – 16: PCR results from amplification with Ho-ChiA_F2/Ho-ChiA_R2. Lane 
19 – 34: PCR results from amplification with Ho-ChiA_F1/Ho-ChiA_R1.  Lanes 15 and 33 represent the positive 
control (Serratia marcescens). Lanes 16 and 34 represent the blank controls. Lanes 1, 17, 18, 28 and 35 represent the 
100bp ladder. 
 

 

 

1       2      3      4       5    6        7     8       9      10   11  12      13    14    15    16   17  

18    19      20     22    23   24      25     26   27    28    29   30    31    32    33      34    35   
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4.3.2 PCR amplification of the environmental samples. 

 

PCR amplification with a combination of Ho-ChiA_F1-F2/Ho-ChiA_R1-R2 only gave positive 

results with the March, April1, April2 and July samples. No amplification products were obtained 

with the Ho-ChiA_F1/Ho-ChiA_R1 primer pair, whereas with the Ho-ChiA_F2/Ho-ChiA_R2 

primers, all the seven samples resulted in the targeted amplification product.  The touch down PCR 

with the Ho-ChiA_F2/Ho-ChiA_R2 primers did not produce any amplicons. The PCR reaction for 

the T-RFLP analysis did not result in any amplification when directly doing the amplification 

reaction with the Hex-labelled primers. Amplicons were only obtained after two amplification steps 

as described in section 3.5.1.  In all reactions commercially available ChiA-positive strains were 

used as positive controls for the PCR reaction (Table 6). 

 

The primer pair designed by Cottrell et al. (2000) was only successful with some environmental 

samples when applying the PCR protocol with 40 cycles.  Beside bands with the expected size also 

unspecific amplification was observed. The primers designed by LeCleir et al. (2004) were 

unsuccessful in the amplification of the environmental samples even after several optimization 

steps. The Chif2/Chir from Xiao et al. (2000) resulted in the amplification of many unspecific DNA 

fragments, but the right bands were obtained from the October and March samples.  Also 

amplification with the Chifor/Chirev primer pair designed by Ramaiah et al. (2000) produced 

several unspecific bands with the amplification products from the environmental samples. 

Amplified fragments with the expected lengths were obtained from the October and the March 

sample (Table 6). 
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Table 6 . Summary of the strains and environmental samples which gave positive results with the Hobel, Cottrell, 

 LeCleir, Xiao and Ramaiah primer pairs. 

 Strain/Sample name Ho-

ChiA_F1/

ChiA_R1 

Ho-

ChiA_F2/

ChiA_R2 

Co-

ChiA.for/

ChiA.rev 

LC-

ChiAfor.ext/

Co-chiA.rev 

Xiao-

Chif2/

Chir 

Ra-

Chifor/

Chirev 

Bacillus circulans - - - - - - 

Serratia marcescens - + + - + + 

Commercially 

available 

chitin-

degraders 
Vibrio harveyi + + - - - + 

ER-WC-06 + + NT NT NT NT 

ER-WC-07 - + NT NT NT NT 

ER-WC-07b + + NT NT NT NT 

ER-WC-08 - - NT NT NT NT 

ER-WC-09 - - NT NT NT NT 

ER-WC-11 - + NT NT NT NT 

ER-WC-12 - + NT NT NT NT 

ER-WC-14 - - NT NT NT NT 

ER-WC-15 - - NT NT NT NT 

ER-WC-16 - + NT NT NT NT 

ER-WC-17 - + NT NT NT NT 

ER-WC-18 - + NT NT NT NT 

 

 

 

 

 

Cultured 

strains from 

Lake Erken 

ER-WC-21 - - NT NT NT NT 

July - + - - - - 

October - + + - + + 

November - + - - - - 

February - + - - - - 

March - + + - + + 

April1 - + - - - - 

 

 

Environmental 

samples 

April2 - + - - - - 

+: positive result; -: negative result; NT: not tested  

4.4 T-RFLP profiles of environmental samples 

Most of the T-RFLP profiles from amplification products obtained with the Hex-labeled forward 

primer showed a few number of peaks with low intensity, while the T-RFLP profiles from 

amplification products obtained with the labeled reverse primer resulted in comparatively higher 

diversity and intensity of peaks. The amplification product obtained with the Hex-labeled forward 

primer was probably insufficient, leading to the low-intensity peaks.  Therefore only the T-RFLP 

data from the Hex-labeled reverse primer were taken into consideration. Apart from shared peaks, 

which could be detected in all of the samples, unique peaks which appeared only during that 

particular period of the year could also be detected. Peaks corresponded to operational taxonomic 

units (OTUs) and should reflect patterns in community structure. In figure 11 MSP-derived T-RFLP 

patterns are illustrated (Primer: Ho-ChiA_F2/Ho-ChiA_R2-hex). 
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4.4.1 Diversity patterns of the environmental samples 

 

The restriction digest reaction with the different enzymes yielded different number of peaks or 

OTUs. The lowest number of OTUs was obtained during the February, March and April2 samplings 

and highest in the October sampling. The results are summarized in Table 7.  
 

Table7. Number of OTUs obtained from the different samples treated with different restriction enzymes 

   Hae III HinF MSP Rsa average 

July 38 19 36 28 30±8.7 

October 32 27 33 36 32±3.7 

November 35 21 33 30 30±6.2 

February 31 19 21 21 23±5.4 

March 37 16 19 19 23±9.6 

April1 40 19 31 29 30± 8.6 

April2 27 15 19 32 23±7.7 
 

The fluctuation in diversity estimated by the Shannon diversity index is illustrated in Figure 12. A 
similar pattern was revealed as already detected in the seasonal changes of the average number of 
OTUs.   
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Figure 12. Graph illustrating for the fluctuation in species diversity throughout the sampling months. 
 

The detailed results of the Shannon diversity indices are given in Appendix 3 (Table A3.1).  

Regression analysis with the diversity indices against MUF-DC and MUF-GlcNAc are given in 
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Figures 13 and 14.  Regression graph for GlcNAc is given in Appendix 4 (Figure A4.1).  The 

strength of the correlation coefficient ‘r’ was assessed according to the criteria given by Fowler et 

al. (1998).  MUF-DC degradation rate was seen to have a positive correlation (r = 0.8012, p = 

0.0554) with the diversity indices (Figure 12).  A weaker correlation was found with MUF-GlcNAc 

rate measurements and MUF-GlcNAc.  The p-values for all three correlations were greater than 

0.05, indicating that no reliable statistical inference can be made with those regression data at the 

95% confidence level.  Single factor ANOVA analysis showed that there was significant difference 

between the MUF-DC and MUF-GlcNAc measurements (p = 0.00005).  The correlation results are 

summarised in Table 10. 

 

Scatterplot: Shannon diversity index vs. MUF-DC (nmol/L/h)

MUF-DC (nmol/L/h) = -2,611 + 1,0136 * Shannon diversity index

Correlation: r = ,80116
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Figure 13. Regression analysis showing diversity indices for the October, November, February, March, April1 
and April2 samples plotted against MUF-DC degradation rate  

r = 0.8012 

r2 = 0.6419 

p-value = 0.0554 
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Scatterplot: Shannon diversity index vs. MUF-NAG (nmol/L/h)

MUF-NAG (nmol/L/h) = ,09729 + ,12897 * Shannon diversity index

Correlation: r = ,26079
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Figure 14. Regression analysis showing diversity indices for the October, November, February, March, April1 
and April2 samples plotted against MUF-GlcNAc degradation rate.  
 

 

When considering the regression analysis of the MUF-DC degradation rates with the diversity 

indices from each restriction reaction, a positive correlation is also obtained with all the enzymes as 

shown in Figures A4.2 – A4.5 (Appendix 4).  A summary of the regression analysis is also shown 

in Table 8.  Except with HinF (p < 0.05), all the regression analyses are not statistically significant. 

 
Table 8.  Summary of the regression analysis of Shannon diversity indices for each restriction reaction with the MUF-

DC degradation rate 

  

Correlation Coefficient, 

R 

Coefficient of determination, 

R2 p-value 

Hae III 0.632 0.400 0.178 

HinF 0.854 0.730 0.030 

MSP I 0.692 0.478 0.128 

Rsa 0.528 0.277 0.283 
 

 

4.4.2 Cluster analysis 

 

Cluster analysis from the Agglomerative Hierarchical Clustering (AHC) from XLSTATS software 

r = 0.2608 

r2 = 0.0680 

p-value = 0.6718 
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clustered the samples into 3 main groups according to the seasonal course: October (autumn 

sample) and July (summer sample), November and February (winter samples), and April and March 

(spring samples), respectively build a cluster. Figure 15 displays the result of the cluster analysis 

from the combination of the T-RFLP data from all four restriction enzymes (Hae III, HinF, MSP I 

and Rsa).   
 

 

 

Figure 15.  Cluster analysis of the T-RFLP data derived from the seven environmental samples 

 

When considering the T-RFLP data from the different restriction digest reactions separately (Figure 

A2.1, Appendix), different clustering pattern were obtained.  Two-way ANOVA computed from the 

number of peaks obtained with each type of restriction digest (data taken from Table 7) showed that 

the reactions were significantly different from each other (p = 0.003).  However focus will be made 

on the clustering result in shown in Figure 15 summarizing the results of the four applied digestive 

enzymes. 
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4.4.3 Canonical Correspondence Analysis 

 

The Shapiro-Wilk test for normality showed that all of the environmental parameters were normally 

distributed. The Canonical Correspondence Analysis (Figure 16) showed that MUF-DC degradation 

rates and temperature were the only parameters co-varying significantly with the changes in the T-

RFLP patterns (p=0.0140 and 0.0360 respectively, Monte Carlo Test). The two displayed axis 

explain 52.2% of the variation of chitinase gene distribution detected by T-RFLP.  A clustering 

according to the seasonal course is less clear as it was suggested by the Agglomerative Hierarchical 

Clustering analysis (Figure 15).  

 
Figure 16. Canonical Correspondence Analysis computed with the environmental and environmental parameters 

 

4.4.4 Regression analysis 

 

Correlation of MUF-DC with other measured parameters was tested by regression analyses in order 

to confirm a correlation with temperature as it is indicated in the PCA biplot and detect possibly 

other factors that might determine chitin degradation rates. The correlation coefficient, coefficient 

of determination and level of significance are summarized in Table 9.  
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Table 9. Summary of the regression analysis of MUF-DC degradation rates with other environmental parameters  

       

  

Correlation 

coefficient, r 

Coefficient of 

determination, r2 

p-value 

Temperature (oC) 0.9227 0.8516 0.0087 

MUF-GlcNAc (nmol/L/h) 0.8456 0.7151 0.0711 

Bacterial Production (microgC/L/h) 0.5605 0.3142 0.2473 

Chl a (µg/l) 0.5237 0.2743 0.2862 

O2 saturation (%) -0.5133 0.2635 0.2977 

GlcNAc (nmol/L/h) 0.1538 0.0237 0.7711 

pH -0.115 0.0132 0.8283 
 

With reference to Table 12, a significant correlation of chitin degradation rates (MUF-DC) and 

temperature was observed (r = 0.9227, p = 0.0087), the remaining parameters do not produce a 

significant correlation with the MUF-DC degradation rates. 

 

 
Figure 17. Regression analysis of MUF-DC degradation rate against temperature  

 

4.5 Clone library analysis – specificity test of primers 

 

Information about the analysis of sequences from the clones amplified with the Hobel et al. (2005), 

Xiao et al. (2000), Ramaiah et al. (2000) and Cottrell et al. (2000) are summarized in Table 10. 
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Table 10. Summary of the clone analysis with the 4 different primer pairs. 

Primer pair Sample Number of 

sequenced 

clones 

Range of 

lengths 

of inserts 

(bp) 

Number of 

clone with 

the 

expected 

length 

Number 

of verified 

chitinases 

Number 

of clones 

discarded 

Percentage of 

specific 

amplifications 

Ho-ChiA_F2 / Ho-

ChiA_R2 

March 37 240 - 300 23 22 15 

Ho-ChiA_F2 / Ho-

ChiA_R2 

October  45 240 - 300 12 8 37 

86% 

Xiao-chif2/ Xiao-

chir 

October  48 380 - 430 6 0 48 0% 

Co-chiA.for/ Co-

chiA.rev 

October 32 ~ 900 0 0 32 - 

Ra-Chifor/ Ra-

Chirev 

October 5 ~250 3 1 4 33% 

 

After processing the sequences with the Sequence Scanner V1 software and blasting the sequences, 

71 sequences amplified with the Hobel primer pairs were retained with chitinase genes as closest 

relative.  However, most of the first hits with chitinase genes were derived from uncultured 

organisms.  The main cultured organism which occurred among the hits was Chromobacterium 

violaceum.  Other hits were obtained with chitinase genes of Serratia marcescens, Aeromonas 

hydrophila, Bacillus ehimensis, Hahella chejuensis, Colwellia sp, Puccinia triticina and 

Streptomyces sp.  There were clones of the expected length which did not yield hits with any type of 

chitinase gene.  After processing the data, 22 and 8 sequences from the March and October samples 

respectively were retained for further phylogenetic analysis because the rest of the clones yielded 

too short amino acid sequences or they did not align with the rest of the sequences. 

Only 6 clones from the Xiao clone library with the expected size were retained. None of them could 

be verified as a chitinase.  Similarly to the Xiao clone library, the clones amplified from the 

Ramaiah et al. primer pair were mostly too short, 3 fragments had the right size. Only one of those 

sequences aligned with chitinase sequences and was included into further phylogenetic analysis. No 

clones amplified with the Cottrell primers were retained because none of the cloned fragments were 

of the expected size.  The amplification products from this primer pair gave many unspecific band.  

An error might have occurred during the cloning procedure such that the right-sized band might not 

have been cut from the agarose gel.    
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4.6 Phylogenetic Analysis 

4.6.1 Phylogenetic tree from the Minimum Evolution method 

 

Figure 18 illustrates the phylogenetic relationship of the Erken clones with the sequences from 

Cluster A chitinase groups, GOS data and uncultured chitin-degrading bacteria. Most of the clones 

obtained in this study clustered together on a higher level, however on a finer resolution subclusters 

only containing October or March samples respectively are displayed. Five main clusters were 

observed from the minimum evolution tree. These have been numbered from 1 to 5. Two clones 

(Erken_Mar40 and Erken_Mar18) affiliate with a cluster containing archeal sequences (bootstrap 

value: 50%).  The group number 2 consists only of the Erken clones and these are closest to 

uncultured bacteria. The cluster (Number 3) consisting of Erken_Mar22, Erken_Oct_ramaiah, 

Erken_Mar03 and Erken_Oct01 is closely associated with the bacterium Serratia marcescens (37% 

support). Group 4 links Erken_Mar15 and Erken_Oct40 with the bacterium M. xanthus.  The 2 

clones from the October sample, namely Erken_Oct18 and Erken_Oct22, form a cluster (62% 

support) with the bacterium Chromobacterium violaceum which was often encountered during the 

BLAST analysis. It must also be noted that the sequences retrieved from the GOS database are only 

distantly related to the Erken clones. 
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archea & bacteria, GOS sequences, Uncultured bacterium 
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Figure 18.  Phylogenetic tree with  sequences from clone library, Cluster A, GOS 

and uncultured bacterium was constructed according to he Minimum Evolution 

method.  1000 Boostrap trees were calculated using the Neighborjoining algorithm.  
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4.6.2 Bayesian analysis 

 

Using Bayesian phylogeny (Figure 19), the affiliation of one of the Erken clones (Oct40) with 

archeal chitinases was obtained with a bootstrap support of 58%, however it is a sequence that 

clustered before together with bacterial chitinases (Figure 18). Erken_18/22 clusters together with 

the bacterial taxa C. phytofermentans, but here again the clustering is weakly supported (29%). Also 

other discrepancies if comparing both trees could be observed. However, clusters with high 

bootstrap values in the in the Minimum Evolution tree (≥87) could be confirmed in the Bayesian 

tree. In general bootstrapping values were remarkably higher in the Bayesian tree than in the 

Minimum Evolution tree. 
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Figure 19.  Phylogenetic tree with Cluster A sequences and a subset of sequences from the Hobel and 
Ramaiah clone librares, constructed according to the Bayesian phylogeny.  The tree was run over 50, 000 
generations 



5.0 DISCUSSION 

5.1 Evaluation of Primer pairs 

 

The primer pair, Ho-ChiA_F2/Ho-ChiA_R2 proved to be the most successful in the amplification 

efficiency of the chitinase genes from the environmental samples and chitinoclastic cultured strains 

both concerning coverage and specificity for chitinase genes. However, the amplification coverage 

for cultured chitinoclastic freshwater strains was 63% and this may point to a situation where some 

portions of the chitinoclastic community evade detection . In the absence of clearing zones (this was 

the case for all PCR-negative strains), chitinolytic activity cannot be proven and some of the non-

amplifying freshwater strains may therefore lack chitinases, even if they grew on the chitin plates.  

Those microorganisms may instead possess deacetylases and deaminases that catalyze the 

hydrolysis of acetamido groups of N-acetylglucosamine in chitin (Kafetzopoulos et al., 1993), 

without solubilizing the whole macromolecule itself.  Overall, the chitinase genes from the cultured 

strains may not be a good representative of the real chitinoclastic bacterial community; thus the 

value for coverage is a quite rough estimate, since it has been estimated that less than 1% of the 

bacteria observed in nature are culturable (Amann et al., 1995).   

 

The other tested primer pairs were remarkably less specific than the Hobel primers.  However the 

low specificity values observed for primers might underestimate true specificity due to the low 

number of right-sized clone fragments obtained. In other publications, some of those primer pairs 

have been reported to be highly specific for amplifying chitinase genes -  e.g., the primers designed 

by Cottrell produced less than 10% non-specific amplification products (Cottrell et al., 2000), but 

his may also be due to differences in the respecticve habitat studied and the chitinolytic organisms 

present (e.g. freshwater vs. marine).  

 

5.2 T-RFLP profiles and determining factors 

 

From the T-RFLP profiles, it was clearly visible that some peaks were recurrent in many, if not all 

of the samples whereas some other peaks were unique to some samples. The fluctuations of T-

RFLP patterns throughout the sampling months, including also changes of the diversity indices, 

indicate that the chitinolytic bacterial community in Lake Erken changes across the seasons.  The 

results obtained from the Agglomerative Hierarchical Clustering analysis suggest a continuous 

change in the composition of the amplified chitinases by building clusters corresponding to the 

seasons. 

 

According to our hypothesis, the presence of specialized chitin degraders, indicated by a lower 



 50 

diversity of chitinase genes, should correspond to higher chitin degradation rates. However, the 

regression analysis of the diversity indices with the MUF-DC rates showed a positive correlation, 

which suggest a higher rate of chitin degradation with increasing diversity of the amplified 

chitinases. Our results lead to the rejection of our hypothesis and even indicate the opposite case. 

However, when considering the diversity indices separately for each enzymatic reaction, a positive 

correlation is also obtained with the MUF-DC degradation rate.  This further adds to the credibility 

of the results. 

 

The Canonical Correspondence Analysis suggests that MUF-DC and temperature were the only two 

parameters which co-varied significantly with the fluctuations of chitinase genes from the different 

environmental samples.  If changes in our T-RFLP patterns can explain chitinase degradation rates, 

this indicates that the chosen primer pair amplified the chitinases which are de facto responsible for 

the observed chitin degrading activity.  However some bias may have been brought to the CCA bi-

plot because of the high standard deviations in the MUF-DC degradation rates and low number of 

samples.  The bi-plot also showed that temperature is the only abiotic factor which significantly 

explains the variation of TRFLP pattern and might therefore be an important driving factor for 

determining the chitinolytic community and chitin degradation rates. A correlation between 

temperature and chitin degradation rates is indicated in the CCA biplot through the small angle 

between the MUF-DC and the temperature arrows and could be confirmed in a direct regression 

analyses between those two parameters.  There was no significant correlation observed between the 

MUF-DC and MUF-GlcNAc rates suggesting that different enzymes targeted the two substrate 

analogues. The covariance of MUF-GlcNAc with the T-RFLP patterns was not tested, since the 

MUF-GlcNAc value for the October sample is missing. A significant covariance or correlation of 

GlcNAc uptake rates with chitinase T-RFLP patterns or chitin degradation rates was not observed. 

It was suggested earlier that bacteria which do not posses chitinases may take advantage of 

chitinolytic processes induced by other organisms by taking up released monomers (Baty et al, 

2000).  Furthermore, chitin is not the only natural source of GlcNAc. The bacterial cell wall 

consists of murein which contains alternating residues of β-(1-4)-linked N-acetylglucosamine 

(GlcNAc) and N-acetylmuramic acid residues (Todar, 2008).  Both facts lead to an uncoupling of 

chitin degradation rates and the uptake of the monomer and could therefore explain the discrepancy 

observed between the MUF-DC degradation rate and GlcNAc incorporation rate. Also the other 

tested environmental parameters did not significantly correlate with the MUF-DC degradation rates. 

 

T-RFLP has been used to characterize the bacterial community of a wide variety of samples from 

water to soil samples. The use of different restriction enzymes can lead to quite questionable results 
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as has been observed in the present study: different clustering patterns were obtained from the 

Agglomerative Hierarchical Analysis when considering the data from the four restriction digests 

separately.  The choice of the restriction enzymes can highly influence the T-RFLP patterns (Zhang 

et al., 2008).  According to the same authors, the use of different restriction enzymes can lead to 

highly variable species richness and diversity indices.  This can bring bias the estimation of 

diversity changes over the sampling period.  We included values of four different digestion 

enzymes into our calculations and only changes between diversity indices derived from the same 

enzymes were evaluated to account for this bias.  It must be noted that this is only a preliminary 

study and observed trends will need to be validated in more rigorous analyses with analytical  

replication and where an increasing number of samples is included.  

 

5.3 Clone analysis 

 

The sequenced DNA fragments were short and included a highly variable region. The lack of highly 

conserved regions is reflected in the discrepancy between the Bayesian and minimum evolution tree 

and also in the low bootstrap values.  The main similarity between the Bayesian and the minimum 

evolution tree was that the clones from Lake Erken tend to be only distantly related to known 

chitinases from cultivated organisms. This also confirms results from the BLAST analysis, where 

most of the clones gave hits with uncultured organisms.  

 

In both trees, sequences were clustering with archaeal chitinases. This can be an indication of the 

presence of archaeal chitinases in our environmental samples. So far, archaeal chitinases have never 

been detected in non-extreme environments.  The fact that different sequences cluster with the 

archaeal group in the two trees may cast a shadow of doubt to the credibility of these results.  The 

low bootstrap value for the clustering of the clones with the archaea is certainly not sufficient to 

confirm this phylogenetic affiliation.  Furthermore, in the minimum evolution tree the 

Halobacterium sp. cluster close together with other bacterial genera namely A.H chejuensis and 

C.phytofermentans.  Such a pattern with known bacterial chitinases that are closely related to their 

archeal counterparts  might occur if lateral gene-transfer events have taken place.  

 

The separation of March and October clones into distinct clusters, as visible in the Maximum 

Evolution tree, confirms result from the cluster analysis and suggest seasonal differences in 

chitinase assemblages between those to samples. The Bayesian tree contains fewer sequences and 

therefore the trees cannot be compared in this aspect.  
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Overall, it is difficult to deduce the phylogeny for the clones due to the uncertain clustering 

accounted by the low bootstrap values and the fact that closest related chitinases of cultured 

organisms were only distantly related to our sequences. Furthermore the phylogenetic tree 

generated by chitinases does not correspond to the already established phylogeny of the 16S rDNA 

(Karlsson & Stenlid, 2008).   
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6.0 CONCLUSION 

 

The main accomplishment of the present study was the amplification of chitinase genes from the 

environmental samples and the cultured strains using the set of primer pairs designed by Hobel et 

al. (2005), namely the Ho-ChiA_F2/Ho-ChiA_R2.  The T-RFLP profiles also enabled assessment 

of the seasonal fluctuation of the chitin degrading bacterial community in the studied lake and made 

it possible to link the seasonal variability in the chitinolytic community and environmental driver 

variables. It was found that the samples from the different seasons clustered separately, which 

indicates continuous changes of the bacterial community from one season to another. The diversity 

indices correlated positively with the MUF-DC degradation rate. Based on this we rejected our 

hypothesis, where we proposed a negative correlation of chitin degradation rates and chitin degrader 

diversity. The present study is only a preliminary survey whereas more in depth analyses with a 

larger number of samples will be required to confirm results. Eventually, the analysis of the clone 

libraries showed that the Ho-ChiA_F2/Ho-ChiA_R2 was successful in targeting chitinase genes. 

According to the BLAST analysis, most of the sequences from the clones were found to be very 

different from those obtained from cultured bacteria.  Although the clones clustered close to 

organisms such as the Halobacterium sp., M. xanthus, C. violaceum or S.marcescens, the bootstrap 

values are low.  This result obtained from the phylogenetic analyses also confirms the difference 

between the cloned sequences and cultured bacterial groups. 
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APPENDIX 1. PCR protocols 
 
Table A1.1 PCR protocol for chiAfor/chiA.rev  (Cottrell et al., 2000) 

 
 
 
 

 
 
 
 
 
 
 
 
 

 
Table A1.2. PCR protocol for chiAfor.ext/chiA.rev (LeCleir et al., 2004) 

PCR Mix for 30µl Final  

concentration 

MilliQ water  

10xbuffer 1 x buffer 

MgCl2 (50mM MgCl2) 2mM 

dNTPs 1mM(per Nucl.) 0.12 mM 

Primer (10µM) 0.1/0.1 µM 

Taq polymerase 0.007 U 

Template 1 ng/µl 

 
 
Table A1.3. PCR protocol for chif2/chir(Xiao et al., 2000) 

PCR Mix for 30µl Final  

concentration 

MilliQ water  

10xbuffer 1 x buffer 

MgCl2 (50mM MgCl2) 2mM 

dNTPs 1mM(per Nucl.) 0.12 mM 

Primer (10µM) 0.2/0.2 µM 

Taq polymerase 0.007 U 

Template 1 ng/µl 

 
 
 
 

PCR Mix for 30µl Final  

concentration 

MilliQ water  

10xbuffer 1 x buffer 

MgCl2 (50mM MgCl2) 2mM 

dNTPs 1mM(per Nucl.) 0.12 mM 

Primer (10µM) 1/1 µM 

Taq polymerase 0.007 U 

Template 1 ng/µl 

Temperature    (oC) Time (Mins)   Cycles 

Initialization       94 

Denaturation      94 

Annealing          42 

Extension           72 

Final Extension  72 

3:00 

1:00 

1:00 

3:00 

10:00 

 

 

   40  

              

Temperature    (oC) Time (Mins)   Cycles 

Initialization       95 

Denaturation      94 

Annealing          42 

Extension           72 

Final Extension  72 

3:00 

1:00 

1:00 

1:00 

10:00 

 

 

   30  

              

Temperature    (oC) Time (Mins)   Cycles 

Initialization       95 

Denaturation      94 

Annealing          42 

Extension           72 

Final Extension  72 

3:00 

0:50 

1:00 

1:30 

10:00 

 

 

   32  
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Table A1.4. PCR protocol for Chifor/Chirev (Ramaiah et al., 2000) 

PCR Mix for 30µl Final  

concentration 

MilliQ water  

10xbuffer 1 x buffer 

MgCl2 (50mM MgCl2) 2mM 

dNTPs 1mM(per Nucl.) 0.12 mM 

Primer (10µM) 0.2/0.2 µM 

Taq polymerase 0.007 U 

Template 1 ng/µl 

 
 
Table A1.5. PCR protocol with M13f/M13r primers 

PCR Mix for 20µl Final  

concentration 

MilliQ water  

10xbuffer (1.5mM 

MgCl2) 

1 x buffer 

dNTPs 1mM(per Nucl.) 0.1 mM 

Primer (10µM) 0.5/0.5 µM 

Finnzyme (2units/µl) 0.02 U 

Template 1 ng/µl 

 
 

Temperature    (oC) Time (Mins)   Cycles 

Initialization       95 

Denaturation      94 

Annealing          42 

Extension           72 

Final Extension  72 

3:00 

1:00 

1:00 

1:00 

10:00 

 

 

   35  

              

Temperature    (oC) Time (Mins)   Cycles 

Initialization       94 

Denaturation      94 

Annealing          55 

Extension           72 

Final Extension  72 

4:00 

0:30 

0:30 

1:00 

6:00 

 

 

   20  
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APPENDIX 2. Cluster analysis 
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Figure A2.1  Cluster Analysis with the different restriction digests considered separately. A: Hae III; B: HinF; C: 

MSP I, D: Rsa  
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APPENDIX 3. Shannon diversity index 

 
Table A3.1 Shannon diversity indices for each restriction enzymatic reaction and sampling months.  The average is also 

shown. 

  July October November February March April1 April2 

Hae III 3.42 3.18 3.21 2.64 2.82 3.10 2.87 

HinF 2.68 3.11 2.74 2.62 2.37 2.51 2.36 

MSP I 3.31 3.25 3.25 2.71 2.60 2.97 2.49 

Rsa 3.01 3.36 2.90 2.69 2.61 3.09 3.21 

Average 3.10 3.22 3.02 2.66 2.60 2.92 2.73 
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APPENDIX 4. Regression analysis with diversity indices against rate measurements 

 
Scatterplot: Shannon diversity index vs. GlcNAc (nmol/L/h)

GlcNAc (nmol/L/h) = -2,145 + 2,4689 * Shannon diversity index

Correlation: r = ,35592
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Figure A4. 1 Regression analysis showing diversity indices for the October, November, February, March, 
April1 and April2 samples plotted against GlcNAc incorporation rate..  
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Figure A4. 2 Regression analysis showing diversity indices (for restriction reaction with Hae III) for the 
October, November, February, March, April1 and April2 samples plotted against MUF-DC degradation rate. 
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r = 0.3559 

r2 = 0.1267 

p-value = 0.4887 
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Figure A4. 3 Regression analysis showing diversity indices (for restriction reaction with HinF) for the 
October, November, February, March, April1 and April2 samples plotted against MUF-DC degradation rate. 
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Figure A4. 4 Regression analysis showing diversity indices (for restriction reaction with MSP) for the 
October, November, February, March, April1 and April2 samples plotted against MUF-DC degradation rate. 
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R2 = 0.2774
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Figure A4. 5 Regression analysis showing diversity indices (for restriction reaction with Rsa) for the October, 
November, February, March, April1 and April2 samples plotted against MUF-DC degradation rate. 
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